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ABSTRACT Axonal degeneration after traumatic brain injury and nerve compression is considered a common underlying
cause of temporary as well as permanent disability. Because a proper functioning of neural network requires phase coherence
of all components, even subtle changes in circuitry may lead to network failure. However, it is still not possible to determine which
axons will recover or degenerate after injury. Several groups have studied the pressure threshold for axonal injury within a nerve,
but difficulty accessing the injured region; insufficient imaging methods and the extremely small dimensions involved have prevented the evaluation of the response of individual axons to injury. We combined microfluidics with atomic force microscopy and
in vivo imaging to estimate the threshold force required to 1), uncouple axonal transport without impairing axonal survival, and 2),
compromise axonal survival in both individual and bundled axons. We found that rat hippocampal axons completely recover
axonal transport with no detectable axonal loss when compressed with pressures up to 65 5 30 Pa for 10 min, while dorsal
root ganglia axons can resist to pressures up to 540 5 220 Pa. We investigated the reasons for the differential susceptibility
of hippocampal and DRG axons to mechanical injury and estimated the elasticity of live axons. We found that dorsal root ganglia
axons have a 20% lower elastic modulus than hippocampal axons. Our results emphasize the importance of the integrity of the
axonal cytoskeleton in deciding the axonal fate after damage and open up new avenues to improve injury diagnosis and to identify ways to protect axons.

INTRODUCTION
Axonal degeneration can be triggered by different types of
insults in the central nervous system (CNS) and the peripheral nervous system (PNS). Independent of the nature of the
neuronal insult, morphological and pharmacological studies
point to a convergent degenerative mechanism of which the
hallmarks are compromised axonal transport, focal axonal
swelling (FAS), and mitochondrial dysfunction (1–3). The
axonal response to injury is a progressive degenerative
process gradually evolving from focal axonal alteration to
axonal disconnection. However, it is still not known if the
axonal degenerative process can be stopped or delayed or
how much damage axons can support and for how long
before degeneration begins.
Most injury models and traditional histological methods
only allow visualization of the sample before or after injury
while detailed information on the histopathology that
evolves during and shortly after axonal injury is left incomplete. In the CNS, studying the mechanism of axonal degeneration is even more challenging due to the difficulty in
accessing the injured region and insufficient imaging
methods. Although it is clear that the extent of axonal
damage is directly related to the severity of unconscious-

ness, vegetative state, and survival of brain-injured patients
(4–6), investigation of the mechanisms of degeneration of
individual axons after physical injury has been limited.
To investigate the resistance of single axons to damage,
we performed nerve constriction injuries in the nanoscale.
We developed a model using atomic force microscopy
(AFM) to apply gradual forces to locally compress axons
of rat hippocampal or dorsal root ganglion (DRG) neurons
grown in microfluidic chambers. Using subnanometric
measurement techniques, we determined the pressure
threshold for injury in hippocampal and DRG axons. Moreover, we compared the mechanical resistance, the reversibility of the damage, and the three-dimensional aspects of
DRG and hippocampal axons under gradual impairment of
axonal transport. Although DRG and hippocampal axons
undergo similar morphological changes under compression,
the response of each axonal type differs in intensity and
time. DRG axons are more elastic and at least six-times
more resistant to mechanical force than hippocampal axons.
MATERIALS AND METHODS
Microfluidic chambers
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The masters for the microfluidic chambers were manufactured in the
McGill Nanotools Microfab (McGill University, Montreal, Quebec,
Canada) and the chambers were prepared with polydimethylsiloxane
(PDMS) using the Sylgard 184 Silicone elastomer kit (Dow Corning,
Midland, MI) as previously described in Park et al. (7). The PDMS patterns
were assembled on 35-mm glass-bottom dishes (MatTek, Ashland, MA) or
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on 25-mm glass coverslips (Warner Instruments, Hamden, CT) coated with
Poly-D-Lysine (Sigma-Aldrich, St. Louis, MO).

Neuronal cultures
All animal experimentation was approved by the institutional animal care
committee and conformed to the guidelines of the Canadian Council of
Animal Care. Hippocampal and DRG neurons from Sprague Dawley rat
embryos of either sex (Charles River, Wilmington, MA) were prepared as
described previously in Lucido et al. (8) and Banker and Goslin (9) and
added to microfluidic chambers. The chambers were disassembled by
removing the PDMS three and eight days after plating from DRG and hippocampal cultures, respectively. Without the physical PDMS barrier between
channels, hippocampal and DRG axons move and extend neurites toward
other axons, remodeling the culture architecture and losing the parallel
pattern. In DRG cultures, these changes were much more accentuated and
were apparent one day after PDMS removal, whereas in hippocampal axons
contact between axons grown in different channels was only observed
3–4 days after PDMS removal. To minimize remodeling and maintain the
parallel organization of the axons in the cultures, DRG neurons were
cultured at a density four-times lower than hippocampal neurons and were
tested within 7–10 days in culture, whereas hippocampal axons were tested
after 14–18 days in culture. These changes in culture density and age did not
result in significant differences in the axonal response to injury applied with
this model. Where indicated, cells were treated with vinblastine sulfate salt
(Sigma-Aldrich) diluted in Neurobasal medium for 1 h, washed and immediately tested with AFM or fixed with 4% paraformaldehyde (SigmaAldrich) for immunohistochemical analysis or AFM imaging. Mitochondria
were fluorescently labeled with Mitotracker Green FM (Invitrogen, Carlsbad, CA) and tubulin with Tubulin Tracker (Invitrogen).
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the beaded or the tipless cantilever with submicrometer precision on top of
axons. Images of the culture were taken every 30 s for 5–10 min before
compression to detect mitochondrial movement and axonal viability, during
compression to detect any change in the axon that could indicate damage,
and for 10–30 min after compression release to analyze axonal recovery. To
model compression, a series of 15 force-distance curves in static mode were
taken at 30 s intervals on each axon. During data acquisition, loading forces
of 0.3 nN were employed.
AFM imaging was performed on fixed axons with two different instruments, yielding similar results. To achieve the best resolution and image
the thinnest axons with the lowest forces, the model No. MFP-3D-BIO
AFM (Asylum Research, Santa Barbara, CA), mounted on a model No.
IX-71 inverted optical microscope (Olympus), was used. Glass coverslips
containing micropatterned neurons in PBS buffer were attached to a peak
fluid cell using vacuum grease (Dow Corning). A 60 oil immersion objective with 1.45 NA (Olympus) was placed underneath the sample allowing
optical access from the bottom and topographical access from the top of
the sample.
The region of interest was located and aligned using a charge-coupled
device camera. Silicon nitride probes (Cat. No. MSCT-AUHW microlevers,
Veeco) were used to image under liquid. The deflection inverse optical lever
sensitivity was calibrated in air and buffer before experimentation
following Asylum Research protocols. The cantilever was oscillated at its
first resonance frequency with amplitude of ~0.6 nm. The deflection signal
was low-pass-filtered and the resulting mean deflection signal was kept
constant using a distance control feedback loop. The force applied to the
sample throughout the scan was thus oscillatory and the average force
(deflection) was set constant (~10 pN). Images were acquired at 0.25 Hz
with 2562 points per line along a distance of 20 mm2. Using this method,
lateral force was reduced and the signal/noise ratio was increased. The
spring constant of the cantilevers used was determined through theoretical
calculations based on cantilever dimensions and material properties.

Immunocytochemistry
Immunocytochemistry was performed as described previously in Lucido
et al. (8) with mouse anti-tubulin (The Developmental Studies Hybridoma
Bank, University of Iowa, IA), rabbit anti neurofilament (NFH, 200 kDa;
Aves Lab, Tigard, OR), rabbit polyclonal anti-Tom20 (mitochondrial preprotein translocases of the outer membrane FL-145; Santa Cruz Biotechnology, Santa Cruz, CA), and Alexa 488 conjugated phalloidin
(Invitrogen). The secondary antibodies used were Rhodamine Red antimouse IgG (Invitrogen) and Alexa Fluor 647 anti-rabbit IgG (Invitrogen).
Samples were imaged using a Fluoview FV1000 laser scanning confocal
microscope (Olympus, Richmond Hill, Ontario) with a 60 PlanApo oilimmersion objective on an inverted microscope.

Data analysis
The Hertz model is the most commonly used model to determine the
mechanical properties of cells (10–12). Using the Hertzian approximation,
we present an estimation of the elastic moduli of axons using nanoindentation with AFM. Given the geometry of our system, where axons were
compressed between a bead attached to the cantilever tip and the glass,
the elastic compression of a cylinder by a sphere and a plane was modeled
considering Hertzian effects (13).
The total compression is given by the total deformation dtotal, which is
related to the deformation of the cylinder (axon) by the bead dbead on cylinder
and the plane (glass) dplane on cylinder:

dtotal ¼ dbead on cylinder þ dplane on cylinder :
Atomic force microscopy
Simultaneous compression and live imaging of single axons were performed on a Bioscope AFM (Veeco, Plainview, NY) mounted on an inverted optical microscope (Axiovert S100 TV; Carl Zeiss Canada,
Toronto, Ontario, Canada) using a 100 objective (1.45 NA) and 1 K
charge-coupled device camera (Photometrics, Tucson, AZ).
Two different compression experiments were performed:
In the first, a 20-mm polystyrene bead (Polysciences, Warrington, PA)
was fixed (8) to the tip of silicon nitride probes (Cat. No. MSCT-AUHW
microlevers; Veeco) with a nominal spring constant of k ¼ 0.01 N/m and
used to compress axons with controlled force ranging from 0.1–4 nanoNewton (nN) for different time periods.
In the second, tipless n-type silicon probes (Cat. No. CSC12; Mikromasch, San Jose, CA) with nominal spring constant of k ¼ 0.03 N/m
were used to apply constant force to axons. Cells were mounted onto
a heated stage (Warner Instruments) and kept at 37 C with CO2 supply
for the duration of the experiments. The AFM was used to localize and press
Biophysical Journal 103(3) 405–414
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Modeling the underlying glass plane as a sphere with an infinite radius,
the term accounting for the deformation induced by the plane is negligible.
Using the method of Puttock and Thwaite (13), dbead on cylinder can be calculated as
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where g is the Poisson ratio of the axon or the bead, E is the Young’s
modulus of the material, F is the total force applied, e is the eccentricity
of the ellipse of contact, and K and 1=e dE=de are complete elliptic
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integrals of the first and second class, respectively, with modulus e. In physical concepts, the force exerted by the bead is uniformly distributed along
the contact plane. Therefore, the deformation, also called indentation
from now on, is mainly an effect of the bead compression and follows:
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The indentation data were analyzed using least-squares regression and fitted
with the modified Hertz model for spherical indenter as appropriate (Eq. 3).
Statistical differences were assessed using Student’s t-test for continuous
data and were accepted as significant at p < 0.05.

RESULTS
Measuring the resistance of single DRG and
hippocampal axons to compression
To investigate the axonal resistance to compression, we performed nerve constriction experiments in the nanoscale by
using microfluidic chambers to grow and linearly extend
DRG and hippocampal axons in parallel channels separated
from cell bodies and dendrites (Fig. 1). The microfluidic
chamber consists of a polydimethylsiloxane (PDMS) mold
with a pattern of somatodendritic and axonal compartments
connected by microgrooves adhered to a Poly-D-Lysinecoated coverslip (7). To mimic nerve constriction, we
removed the PDMS and used the AFM to compress the
axons grown in the microchannels. To follow axonal transport and viability, we fluorescently labeled mitochondria
and imaged the axonal response to compression. The use
of microfluidic chambers significantly facilitated the control
and reproducibility of our data.
Because axons grew in parallel, compression was applied
at approximately the same distance from the soma on each
axon (~0.2 mm from the cell body chamber). In addition,
the single axons or bundles grew in individual channels
50-mm apart from each other, improving the precise access
of the AFM to the target axons. Controlled compression was
performed with a bead ~20 times larger than the axonal
diameter attached to the tip of the AFM cantilever (8).
Usage of a bead guaranteed that the observed axonal
damage and response were due to compression forces and
not due to piercing or damaging of the axonal membrane
with the sharp tip of the AFM cantilever. The bead distributed the pressure along the axonal diameter, mimicking
physiological nerve compression conditions. We compressed the axons by applying forces ranging from 0 to
7.5 nN. Topographic AFM images from the axons allowed
the evaluation of the axonal height and width and indentation of the AFM cantilever according to the applied force.
The average width of DRG axons and hippocampal axons

FIGURE 1 Experimental model of axonal compression. (A) Dissociated
rat DRG (upper panels) and hippocampal (lower panels) neurons were
grown in microfluidic chambers. Neurons were added to the somatodendritic -side of chambers and their axons extended into the axonal chamber
through microgrooves (before). After 3–8 days in culture, microfluidic
chambers were disassembled by removing the PDMS from the coverslip
without damaging the cells (after). DRG and hippocampal neurons were
kept in culture for 7 and 14 days, respectively, then the axons were tested
with the AFM. Scale bar, 100 mm. (B) DRG and hippocampal axons grown
in parallel channels were gradually compressed with sub-nanoNewton (nN)
forces applied by a bead attached to the tip of the AFM cantilever (a). The
axonal response to compression depended on the time and force applied and
four distinct responses were identified after compression release: axons
recovered their original state (b), stayed permanently deformed (c), entered
a degenerative process with increasing formation of FAS (d), and finally resulted in axonal rupture (e).

tested were not significantly different (respectively,
1068 5 429 nm and 1019 5 476 nm). We used these
data to estimate the area of contact between the bead and
the axons and to calculate the applied pressure.
We found a direct relationship between compression
forces and axonal injury. Compression with 550 5 220 Pa
led to the progressive collapse of hippocampal growth cones
and reduction of mitochondrial signal and movement followed by axonal rupture, formation of retraction bulbs and
neuronal degeneration (Fig. 2, and see Movie S1 in the Supporting Material). The axonal response to compression was
the same when pressure was applied close to or distant from
growth cones. By decreasing the pressure to 320 5 150 Pa,
FAS formed along the whole axon and remained even after
pressure release, suggesting blockade of axonal transport
also in regions distant from the compression point.
Biophysical Journal 103(3) 405–414
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FIGURE 2 DRG axons are more resistant to compression than hippocampal axons. Higher pressures induce the formation of FAS and axonal deformities
(arrows). (Arrowheads) Location of compression. The images are oriented such that the cell soma lies below the axonal segment shown in the panels. Scale
bar, 10 mm. (A) Mitochondria were fluorescently labeled and single axons were compressed with a bead attached to the AFM cantilever with pressures
ranging from 65 to 550 Pa for 10–30 min. Images taken before (*), during, and after compression (**) show that hippocampal axons do not recover axonal
shape and mitochondria transport after compression release when compressed with pressures >65 Pa for 10 min. (Lower panels) 3 zoom of the compression
region of the axons before compression and after compression release. Each panel represents one axon but at least 10 axons were tested in each condition with
similar results. (B) DRG axons completely recovered after compression with 540 Pa for 10 min, but formed FAS along the whole axon when compressed with
higher pressures (arrows). Each panel represents one axon but at least eight axons were tested in each condition with similar results. (C) The same compression experiment as in panel A was performed with hippocampal axons fluorescently labeled with Tubulin Tracker (Invitrogen), revealing the formation of FAS
containing tubulin when pressure exceeds 65 Pa. Each panel represents one axon but at least eight axons were tested in each condition with similar results. (D)
Quantification of the irreversibly damaged hippocampal or DRG axons after compression with different forces (520%) and the corresponding estimated
pressures (540%) calculated based on the axonal diameter. Each bar represents the result of at least five axons tested under the same conditions.

Compression between 200 5 90 and 130 5 60 Pa resulted
in local deformation of the axon under the compression
point, which persisted after compression release (Fig. 2 A,
arrows). All hippocampal axons tested only recovered their
shape and mitochondrial movement if compressed with
65 5 30 Pa or less for 10 min (Fig. 2 A). When hippocampal
axons were compressed with 100 5 50 Pa, only 40% of the
axons tested recovered (Fig. 2 D). DRG axons could resist
pressures up to 540 5 220 Pa for 10 min and damaged
axons were observed only with pressures in the range of
860 5 350 Pa or higher (Fig. 2 B, and see Movie S2). These
data indicate a significant difference between the mechanical resistance of hippocampal and DRG axons.
Next, we investigated the effects of compression on
the axonal cytoskeleton. We labeled axonal tubulin and
compressed axons with different forces. We observed
that compression of hippocampal axons with pressures
<100 5 50 Pa for 10 min causes a local blockade of axonal
transport whereas higher pressures lead to multifocal
blockade of axonal transport, with accumulation of tubulin
and mitochondria in FAS distant from the compression point
and distributed along the whole axon (Fig. 2 C). It is interesting to note that axons that recovered after compression
Biophysical Journal 103(3) 405–414

injury only show FAS close to the compression point
whereas all axons presenting with multiple FAS spots did
not recover after compression release.
Hippocampal and DRG axons undergo different
morphological changes due to impairment of
axonal transport
The most characteristic morphological change that we
observed during axonal compression was the formation of
FAS. To better evaluate the formation of FAS close to the
compression point on axons we changed the AFM cantilever
to a tipless cantilever, which enabled us to apply compression to more than one axon at the same time (Fig. 3, A
and B). Local increases of axonal width R10% or in axonal
height R20% were considered as FAS. We found that ~30%
of hippocampal and DRG axons presented 1–3 small FAS
before any treatment. As compression was applied, the
number and size of FAS increased with the increase in
compression time and force being applied (Fig. 3). Hippocampal axons formed more but smaller FAS than DRG
axons (Fig. 3, C and D). In both types of axons, compressions with lower forces induce the formation of one or
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FIGURE 3 Progressive formation of FAS during axonal compression. (A)
Mitochondria were fluorescently labeled and hippocampal axons were
compressed for 60 min with 540 5 220 Pa under a tipless AFM cantilever.
(B) DRG axons were compressed with 1100 5 440 Pa in the same conditions as in A. (Arrowheads) Compression site. (Arrows) Newly appearing
FAS or increase in FAS size during compression. Soma lies below the
axonal segment shown in the panels. Scale bar, 10 mm. (C) Plot showing
the average number mean 5 SE of FAS formed in each 60-mm axonal
segment (n ¼ 14) after compression of hippocampal and DRG axons for
10 min with different pressures (*p < 0.001). (D) Increase in the size of
FAS during compression of hippocampal and DRG axons for 60 min
with 540 and 1500 Pa, respectively. The increase in FAS area was determined by setting a region of interest corresponding to each FAS at the
end of compression, then using the National Institutes of Health software
Image J (44), to measure the fluorescent area in each region of interest
over the images acquired at different time points, enabling the calculation
of the increase in the area of FAS during compression. Each bar corresponds
to the average 5 SE of the increase in the area of at least 20 FAS during
compression (**p < 0.05).

two FAS close to the compression point, which usually disappeared after compression release. However, when three or
more FAS were formed along the axons, the axons did not
recover their shape after compression release. The progressive formation of FAS in response to axonal injury highlights the importance of the development of early FAS
markers for the application of potential therapeutic interventions, especially after brain trauma, as the number and size
of FAS in the brain of injured patients is directly related to
the degree of axonal damage and neuronal loss (4).
In healthy axons, axonal transport flows on microtubules
and focal blockade of axonal transport and loss of microtubules leads to the accumulation of transported material and
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formation of FAS (2,14–16). Blockade of axonal transport
can be achieved by compression, as we showed above, or
by disruption of microtubules. To further characterize the
formation of FAS during axonal injury we treated axons
with increasing concentrations of vinblastine, which
prevents polymerization of tubulin and induces depolymerization of formed tubules (17).
Next, we characterized the axonal morphological changes
in three dimensions using AFM. Axons treated with vinblastine showed the same morphological features as axons
compressed with high pressure. They formed multiple
FAS along their length (Fig. 4 and see Fig. S1 in the Supporting Material) and the number and size of FAS increased
with increasing vinblastine concentrations. This axonal
injury had a strong resemblance to the one caused by the
increase in compression time and force and resulted in
a proportional degree of interruption in axonal transport
(Figs. 3 and 4). In agreement with the compression data
(Fig. 3), the shape and size of FAS in DRG axons were
different from those in hippocampal axons, with FAS in
DRG axons being remarkably larger than those of hippocampal axons (Fig. 4). To better evaluate the effects of
multifocal blockade of axonal transport on the whole axonal
cytoarchitecture, we estimated the volume of FAS in at least
three segments along each axonal filament (Fig. 4 C).
We found that the increasing disruption of axonal transport
with increasing vinblastine concentrations had different
effects on the morphology of DRG and hippocampal axons.
The volume of single FAS in DRG axons increased with
increasing vinblastine concentrations whereas the volume
of single FAS in hippocampal axons did not significantly
change (Fig. 4 C), suggesting that DRG axons are more elastic
than hippocampal axons and can accommodate a remarkably
large local increase in diameter at FAS. We also evaluated the
volume of axons in regions between FAS (non-FAS segment).
With increasing vinblastine concentrations, hippocampal and
DRG axons collapsed. In hippocampal axons, the volume of
the non-FAS segment decreased at 5 nM vinblastine and in
DRG axons at 500 nM vinblastine (Fig. 4 C, inset). To investigate the reason for the higher resistance of DRG axons to
compression and to vinblastine effects, we investigated the
composition and distribution of cytosolic components in
axons with impaired transport.
The composition of the axonal cytoskeleton is critical to
determine the axonal elasticity and, consequently, the
degree of axonal susceptibility to damage. We analyzed
the distribution of mitochondria, actin, neurofilament, and
tubulin after blockade of axonal transport. During compression of DRG and hippocampal axons, we observed loss of
mitochondrial labeling (see Fig. S2) and mitochondria accumulation in FAS (Fig. 2, A and B, and Fig. 3, A and B). Similarly, in vinblastine-treated axons, the distribution of
mitochondria changed from uniform to a discontinuous
punctate pattern, colocalizing with tubulin at FAS (see
Fig. S3). In axons treated with vinblastine, actin
Biophysical Journal 103(3) 405–414
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FIGURE 4 Progressive formation of FAS during gradual impairment of axonal transport. (A) Hippocampal and DRG axons not treated (control) or treated
with 5 nM or 500 nM vinblastine for 1 h were fixed and imaged with the AFM. (B) Same as panel A, but focusing on FAS. Horizontal scale bar, 5 mm. (C)
Box-and-whiskers plot showing the minimum and maximal volume of each FAS formed by hippocampal and DRG axons treated with increasing concentrations of vinblastine. (Inset) Box-and-whiskers plot of the minimum and maximal volume of an axonal segment between FAS (*p < 0.0001). At least 23
axons were imaged and measured for each experimental condition.

concentrated between FAS and when it colocalized with
FAS, actin formed cuplike structures apparently around
FAS (see Fig. S3).
Neurofilaments and microtubules collapsed and accumulated at FAS (see Fig. S3). With increasing vinblastine
concentration, there was a proportional increase in tubulin
and neurofilament aggregation at FAS (see Fig. S3). The
observed collapse of neurofilaments is likely due to neurofilament destabilization subsequent to microtubule collapse,
because microtubules interact with neurofilaments (18,19)
and vinblastine does not directly cause neurofilament disassembly (20). These data indicate that the composition of
FAS is very similar in DRG and hippocampal axons and
includes mitochondria and fragments of tubulin and neurofilaments, but not F-actin. It is possible that vesicles and
other cellular components transported along axons might
also accumulate in FAS.
After vinblastine treatment, DRG axons appeared to have
more and larger FAS. This pattern coincides with our
previous data obtained from compressed DRG axons, which
formed larger FAS than hippocampal axons (Figs. 3 and 4).
Given that the DRG and hippocampal axons tested had very
similar caliber, larger FAS indicates that DRG axons may
have a larger flow of transported material or higher content
of tubulin or neurofilament. Because the structure of DRG
axons after vinblastine treatment was more stable (Fig. 4),
we decided to compare the amount of actin, tubulin, and
neurofilament in DRG and hippocampal axons.
We found that DRG axons contain approximately seven
times more neurofilament than hippocampal axons whereas
actin and tubulin amounts are very similar in both axonal
Biophysical Journal 103(3) 405–414

types (see Fig. S4). This is similar to previous results
demonstrating that neurofilament/tubulin ratios are nearly
threefold greater in PNS (axons from the sciatic nerve)
than in CNS (axons from the optic nerve) axons (21). These
differences in cytoskeleton composition are likely reflected
in the axonal viscoelastic properties and resistance to injury.
The composition of the axonal cytoskeleton is critical to
determine the axonal elasticity and the degree of axonal
susceptibility to damage because each component of the
axonal cytoskeleton has different elastic properties. Neurofilaments are more flexible than actin, softer than microtubules, and can withstand large strains, providing cells with
pliancy to accommodate small deformations while strengthening them when large stresses are applied (22).
Measuring the elasticity of individual axons
To determine whether the differential susceptibility of
hippocampal and DRG axons to mechanical injury is indeed
influenced by differences in elasticity due to differing cytoskeletal architecture, we evaluated the elastic modulus (EM)
of live axons using AFM (Fig. 5 and see Fig. S4). The elastic
modulus quantifies the tendency of a material to be nonpermanently (elastically) deformed when a force is applied to
it, with a stiffer material having a higher EM. We calculated
the axonal EM using the Hertz contact model with modifications to accommodate the geometry of the sample, considering the axon as a cylinder compressed by a sphere. We
found that the EM of DRG axons was ~20% lower than
that of hippocampal axons at every indentation depth
(p < 105; Fig. 5 B). The average EM variation strongly
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FIGURE 5 Elasticity of DRG and hippocampal axons. (A) Estimated EM
as function of % indentation of 15 (EM 1–15) force-distance curves performed on one DRG axon at intervals of 30 s each, showing the high EM
variability in the first 10–20% of indentation. The maximum (100%) indentation of the cantilever corresponds to approximately half of the axonal
height. (B) Average EM 5 SD of at least 10 hippocampal and 10 DRG
axons treated or not with vinblastine (5 nM–5 mM). To compare the EM
of different axons treated in different conditions, we considered the average
EM at 30% of indentation (EM30%), when the value is very similar to the
EM at 10–40% but presented lower variation. Moreover, at 30% indentation
the axonal stiffening as a function of compression is not as evident as at
50% or higher indentations. (Inset) Increasing vinblastine concentrations
decreased the average EM30% and the slope of the curve. (C) Model drawn
to scale of a 0.6-mm-long and 1-mm-wide axon being compressed by
a 20-mm bead attached to the AFM cantilever. (D–I) Model of axonal resistance to compression showing mitochondria (orange), tubulin (red), neurofilament (dark blue), actin (green), and vesicles (light blue).

correlated with the depth of cantilever indentation and the
EM constantly increased after 30% indentation in all axons
tested (Fig. 5, A and B).
Depth-dependent increases in the EM of biological
samples have been reported by different groups suggesting
that cell stiffness increases as compression increases, but
the reasons for this effect have not been clarified (10). In
general, the response of cells to applied force can be divided
into two parts—the first, a mechanical response (23–25)
consisting simply of the deformation of the cell’s loadbearing structures, and the second, a biochemical signaling
response, which potentially leads to most force-induced
phenotypic changes (26–28). However, it is not yet understood in detail how strain (i.e., force) propagates through
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different intracellular structures (29). The intracellular environment is probably very dynamic in accommodating the
compression forces, triggering different pathways and
modifying the cytosolic architecture to avoid major
damages. Therefore, understanding the origins of axonal
stiffness is of fundamental importance to prevent axonal
damage and consequent neuronal dysfunction.
To test whether the depth-dependent increase in axonal
stiffness was caused by substrate or cytoskeleton resistance,
we evaluated the EM of vinblastine-treated axons. The slope
of the EM curve as a function of % indentation decreased
proportionally with increasing vinblastine concentration
(Fig. 5 B), confirming that cytoskeleton resistance is responsible for the depth-dependent increase in axonal stiffness.
Treatment with 5 mM vinblastine significantly decreased
the EM30% (p < 0.001) and the remaining slope in the
EM curve of axons treated with 5 mM vinblastine is probably due to the stiffness of actin filaments that remain after
vinblastine treatment (see Fig. S3 and Fig. 5).
Our hypothesis for the occurrence of differential axonal
resistance to injury is that different axonal components play
a major role in the mechanical resistance of axons, depending
on the deformation of the axon (indentation depth) and on the
component capacity to accommodate stress. This hypothesis
is reinforced by our data indicating that the depth-dependent
increase in the axonal EM is inversely proportional to the
integrity of the cytoskeleton (Fig. 5). We propose that the
high variation in EM observed at 10% indentation is caused
by the AFM sensing axonal transport under the tip
(Fig. 5 A), because at 10% indentation, the axonal lumen is
not sufficiently reduced to impair axonal transport
(Fig. 5 E). At moderate compression, the axonal lumen is
reduced and mitochondria and larger vesicles start to accumulate, and the AFM tip then senses the resistance of the axonal
cytoskeleton in addition to some axonal transport (Fig. 5 F).
As the compression deepens further, axonal transport
becomes increasingly blocked, the variability of the axonal
EM decreases (Fig. 5 A), and the axonal response to
compression becomes more homogeneous—suggesting
that the cantilever is compressing the axonal cytoskeleton
(Fig. 5 G). Cytoskeleton resistance to compression is limited
and, when hippocampal or DRG axons are compressed with
larger forces (0.3 nN or 4 nN, respectively) for >10 min,
irreversible changes take place and the cytoskeleton
collapses (Fig. 5 H). Axonal transport is not restored after
compression release and the axon is divided into two
segments (Fig. 5 I). This suggests that the factor determining whether an axon will be severed or recover after
damage is the elasticity and integrity of the cytoskeleton.
DISCUSSION
The mechanism of axonal degeneration is quite similar in
traumatic injuries and in chronic neurodegenerative
diseases. The proposed model for axonal loss is that nerve
Biophysical Journal 103(3) 405–414

412

insults lead to interruption of axonal transport, formation of
FAS, increase in intra-axonal calcium levels, mitochondria
dysfunction, and calcium-dependent cytoskeletal breakdown (for recent reviews, see Coleman (2) and Wang
et al. (30)). Shortly after axonal injury, calcium influx has
been shown to induce activation of proteases and the
opening of the mitochondrial membrane permeability transition pore, resulting in pathologic swelling, loss of function, and local energy failure (1,2,31,32). Primary
microtubules damage has also been shown to occur minutes
after trauma (2,6,16,33). Together, these events are thought
to represent the terminal events leading to axonal disconnection and degeneration. Axons are continually subjected to
mechanical stimulation by external and internal forces but,
when the forces exceed a certain threshold, the result is irreversible injury and axonal degeneration. Quantifying the
forces is a first step in understanding the sequence of events
that ultimately lead to the different stages of neuronal injury.
Several groups have studied the pressure threshold for
injury of CNS and PNS axons. However, technical limitations have hindered the evaluation of single axonal
responses to compression without the interference of the
surrounding nerve environment. Indeed, the pressure
threshold for axonal injury of PNS nerves was estimated
at 30 mmHg (4 kPa), but compression with 20 mmHg
(2.7 kPa) was shown to decrease blood flow inside PNS
nerves and pressures of 30 mmHg (4 kPa) were described
to impair axonal transport and cause a persistent increase
in the pressure inside the nerve, edema, and nerve demyelination (34–37). In the CNS, the cornerstones of intensive care
units include monitoring and management of patients’ intracranial pressure (normally between 0 and 1.3 kPa) and
therapy aiming at reducing intracranial pressure when it
exceeds 2–2.7 kPa (38).
These limits are higher than the ones we found because
they evaluate the consequences of pressure in the whole
tissue whereas our study focused on the single axonal
response. In the literature, there is no other study evaluating
the response of single axons to injury caused by local
compression with forces in the subnanoNewton scale with
which we could compare our values. In addition, there is
no model available to evaluate how the global intracranial
pressure translates into local pressures on the different brain
microenvironments and how elevated intracranial pressure
might affect single axons. Interstitial fluid surrounding
axons may act as a shock absorber or enhancer, and different
situations such as trauma, edema, vascularization problems,
brain tumors, stroke, infections, neurodegenerative diseases,
or even surgery can significantly cause local increases in
axonal pressure that may lead to degeneration.
Dynamic deformation of axons rarely leads to primary
disconnection during brain trauma (1,4,39). Instead, disconnection occurs throughout the brain after focal axonal
changes related to focal impairment of axonal transport,
such as the FAS that we observed (Figs. 3–5). To understand
Biophysical Journal 103(3) 405–414

Magdesian et al.

the first steps involved in single axonal injury we used the
AFM as a mechanical tool as well as an imaging instrument
to locally compress DRG and hippocampal axons. We
conclude that DRG axons are more resistant to compression
and more elastic than hippocampal axons and we propose
that differences in the cytoskeletal composition reflect in
the viscoelastic properties of axons and play a significant
role in axonal resistance to damage. Notably, the proportions and architecture of the main components of the axonal
cytoskeleton change during development and myelination
(40). Demyelination, a common event in different degenerative diseases (in the CNS such as multiple sclerosis or
Leukodystrophies and in the PNS such as Guillain-Barré
syndrome or Charcot-Marie-Tooth Disease), was shown to
increase neurofilament density, decrease microtubules
density, and slow axonal transport in the PNS and in the
CNS (40). We propose that these physiological and pathological changes in cytoskeletal composition change the viscolelastic properties of axons and contribute to either
increase or decrease the axonal resistance to damage.
Most studies on axonal degeneration focus on the
biochemical signaling events triggered by axonal insults.
Our results show that the mechanical properties of axons
also play a significant role in deciding the axonal fate after
damage. Moreover, we provide a new, to our knowledge,
reproducible, and very precise model to study different
parameters involved in axonal degeneration. The use of
the AFM to compress and to give image axonal integrity
can shed some light in different events involved in axonal
loss such as cell signaling cascades, activity of mechanosensors, and electrostatic changes. Our model may be of particular interest to the recent debate on the foundation of nerve
pulse propagation as an acoustic signal (41).
Some scientists claim that the action potential is actually
an acoustic pulse or a soliton (42). Along the same lines,
a very recent work demonstrates that two-dimensional
pressure pulses indeed exist in lipid layers and are thermodynamic in its origin (43). The authors claim that twodimensional pulses may play an important role in cell-cell
and protein-protein communication (43). A deformation of
the membrane using an AFM and subsequent variation in
elastic properties should clearly alter the propagation of
such waves, opening the door to test these hypotheses.
The experimental approach presented here has the potential
to stimulate a more fundamental quantitative and detailed
investigation of the role of stress on neuronal function,
damage, or growth and the propagation of action potentials
in soft matter.
CONCLUSION
Axonal degeneration after traumatic brain injury or nerve
compression caused by expansion of extraneural tissue is
considered to be a common underlying cause of temporary
and permanent disability. At the time of this writing, there is
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no model to study the effect of gradual axonal compression
on isolated axons using live imaging technique. In existing
models, central or peripheral nerve bundles are either axotomized or crushed, leading to a global axonal injury, glial
response, and degeneration. To our knowledge, ours is the
first model of axonal injury that allows control of the duration and force applied on a precise region of the axon,
enabling injury reproducibility and the observation and
comparison of individual axons injured equidistantly from
the soma. We applied microfluidics, live cell imaging, and
AFM to precisely calculate the force required to
1 disrupt the axonal transport without impairing axonal
survival,
2 disrupt axonal transport and selectively induce axonal
degeneration in isolated axons, and
3 calculate the elastic modulus of DRG and hippocampal
axons.
The pressure threshold for injury in single axons from the
DRG and hippocampus was measured, revealing that DRG
axons are more elastic and more resistant to compression
than hippocampal axons. Implications of these findings for
the development of a model to study single local degeneration and drug screening in regenerative medicine are
currently being explored.
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